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Abstract Although bivalve shell formation is an

area of active research, less attention has been paid to

mechanisms of precipitation for shell features with

unique or unusual crystal morphologies. One example

is the chalky calcite deposits found in some bivalves,

commonly oysters. The goal of this study was to

investigate chalky deposit formation in oysters as a

possible case of microbially influenced mineralization

by seeking a correlation between the presence of

chalky deposits and calcifying bacteria. Extrapallial

fluid was collected from specimens of Crassostrea

gigas and Ostrea lurida, which do and do not display

chalky deposits, respectively. Microbial communities

from oyster and seawater samples were characterized

and compared using 16S ribosomal RNA gene PCR

and sequencing. Results indicate that microbial com-

munities are dominated by the following bacterial

phyla: Actinobacteria, Bacteroidetes, Cyanobacteria,

Firmicutes, Chloroflexi, and Proteobacteria. In addi-

tion, seawater is the major source of the microbiome

isolated from oyster calcifying fluid. In general,

microbial communities in C. gigas are not skewed

towards bacterial taxa known for influencing calcium

carbonate precipitation in other systems. Although no

evidence was found to support a microbial influence

on chalk formation, this work provides additional data

and insight into the growing body of research on

invertebrate microbiomes.

Keywords Chalky deposits � 16s rRNA � Shell
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Introduction

Carbonate mineralogy has proven to be an important

tool for studying the growth and development of

bivalves (Kirby, 2001; Mahe et al., 2010), investigat-

ing climate (Butler et al., 2013; Goodwin et al., 2013),

and understanding the properties of crack-resistant

materials (MacDonald et al., 2010; Lee et al., 2011).

The shells of bivalve molluscs exemplify biologically

controlled mineralization (i.e., biomineralization), in

which the animal has strict, genetic control over

growth, morphology, and organization of mineral

precipitation (Dupraz et al., 2009). The mantle is the

primary organ controlling shell deposition in bivalves

and is responsible for secreting the mineral component

of the shell, the internal organic matrix that supports

individual mineral crystals, and the periostracum, the

outermost organic layer of the shell that directly

overlies shell carbonate (Stenzel, 1971; Wilt et al.,

2003; Marin et al., 2008). The cavity located between

Handling editor: Stefano Amalfitano

R. Banker (&) � G. J. Vermeij

Department of Earth and Planetary Sciences, University

of California Davis, 1 Shields Avenue, Davis, CA, USA

e-mail: rbanker@ucdavis.edu

123

Hydrobiologia

https://doi.org/10.1007/s10750-018-3569-0

http://orcid.org/0000-0001-5020-6670
http://crossmark.crossref.org/dialog/?doi=10.1007/s10750-018-3569-0&amp;domain=pdf
http://crossmark.crossref.org/dialog/?doi=10.1007/s10750-018-3569-0&amp;domain=pdf
https://doi.org/10.1007/s10750-018-3569-0


the mantle and the shell is called the extrapallial space.

This space contains extrapallial fluid (EPF), which is

composed of organic and inorganic compounds that

are largely regulated by the mantle to control shell

formation (e.g., Crenshaw, 1972;Wilbur & Bernhardt,

1984; Addadi &Weiner, 1985; Giribet, 2008; Zuykov

et al., 2010).

Mechanisms of precipitation are particularly poorly

understood for shell features with unique crystal

morphologies, such as the chalky calcite deposits

found in some bivalves. Chalky deposits are discrete

lenses of softer calcite interspersed in the foliated shell

layers of certain bivalves, including oysters (Cox,

1969; Chinzei, 1986; Chinzei & Seilacher, 1993;

Komatsu et al., 2002; Vermeij, 2014). A number of

hypotheses have been proposed for the function of this

shell feature: providing buoyancy for life on soft

substrates (Chinzei, 1995; Chinzei, 2013), increasing

shell resistance against impacts (Lee et al., 2011),

smoothing out irregularities on the inner shell surface,

or supplying cheap building material for rapid shell

growth (Kirby, 2009). Even though there is a large

body of recent research indicating that oyster shell

formation is tightly regulated by a series of cellularly

coordinated mechanisms (Mount et al., 2004; Myers

et al., 2007; Johnstone et al., 2008, 2015), this work

does not address chalky deposits. Another possible

mechanism for chalky deposit development is micro-

bially induced mineralization, in which the microbial

community in oyster calcifying fluid influences the

formation of this shell feature (Chinzei & Seilacher,

1993; Vermeij, 2014).

Microbially induced mineralization is defined as

the promotion of conditions favorable for mineral

precipitation by bacteria, without controlling growth,

morphology, or organization of mineral crystals

(Dupraz et al., 2009). Microbially induced mineral-

ization may take place when microbes colonize a

shell-secreting organism (e.g., bivalves) and enhance

the ability of the host to form shell material, resulting

in mineral formation that is not strongly controlled by

the metazoan host. Sulfate-reducing bacteria (SRB)

are the microbial culprits most often implicated in

carbonate precipitation in marine settings due to their

ability to manipulate carbonate chemistry (Visscher

et al., 2000; Baumgartner et al., 2006). Specifically,

the metabolic activity of SRB might generate alkalin-

ity within the calcifying fluid of bivalves, inducing

mineralization that results in a novel form of calcite

(i.e., chalky deposits). Thus, even though a wide

variety of microbial metabolisms participate in com-

plex microbial systems, SRB are most likely to

influence shell mineralization (Vermeij, 2014).

The goal of the present research is to investigate the

role of microbially induced mineralization in chalky

deposit formation by characterizing microbial com-

munities from oyster calcifying fluid, which corre-

sponds well with the growing body of literature on

invertebrate and bivalve microbiomes. A number of

studies have come out investigating microbial com-

munity composition and dynamics of oyster fluids and

tissues (e.g., Trabal et al., 2012; Trabal Fernandez

et al., 2014; Lokmer et al., 2016; Pierce et al., 2016);

the present study seeks to expand on this field by

investigating oyster calcifying fluid specifically. The

guiding hypothesis for this study is as follows: if SRB

are involved in chalk formation, there may be a larger

proportion of these microbes present in oysters that

have chalky deposits. To test this, microbial commu-

nities were isolated from the calcifying fluids of two

species of oysters that do and do not produce chalky

calcite, Crassostrea gigas (Thunberg, 1793) and

Ostrea lurida Carpenter, 1864, respectively. We also

examine the relationship between oyster microbiomes

and environmental microbial communities.

Methods

Environmental setting

Tomales Bay is located approximately 50 km north-

west of San Francisco, CA, and was the collection site

for oyster specimens and water samples used in this

study. Tomales Bay, formed by the intersection of the

San Andreas Fault and the California coast, is long,

narrow (20 km by 1.4 km), and relatively shallow with

an average depth of 3.0 m (Hollibaugh et al., 1988;

Oberdorfer et al., 1999). Two streams provide fresh-

water to the bay in addition to significant input from

groundwater. Lagunitas Creek and Olema Creek (a

tributary of Lagunitas) enter the bay at its southern

end; Walker Creek flows into Tomales Bay near the

bay-ocean interface (Oberdorfer et al., 1999). The

watershed that feeds Tomales Bay largely not only

comprises agricultural land, but also includes parkland

and areas of residential development (Oberdorfer

et al., 1999).
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Study Organisms

Investigating the relationship between oyster and

environmental microbiomes required characterizing

and comparing microbiomes from oysters that do and

do not display chalky deposits. The strongest candi-

dates for addressing this question were C. gigas andO.

lurida, the Pacific oyster and the Olympia oyster,

respectively. C. gigas is commonly farmed on the

Coast of California and was used in this study as a

representative of bivalves that display chalky deposits.

O. lurida is an oyster that has a compact shell structure

and is native to the California Coast. For clarification,

this paper is not claiming thatCrassostrea as a genus is

overall more susceptible to chalky deposits than

Ostrea. C. gigas produces abundant chalky material,

whereas O. lurida does not (Baker, 1995). These

species will therefore provide a baseline microbiome

for oysters that do not possess this shell feature.

Oyster collection and fluid sampling

Samples were collected from the extrapallial space

and main cavity of each oyster specimen collected for

this study. These fluids will be referred to hereafter as

extrapallial fluid (EPF) or mantle fluid (MF), respec-

tively. Corresponding water samples were obtained

adjacent to the site of both oyster collection sites. All

Pacific oyster (C. gigas) specimens were harvested

from the Tomales Bay Oyster Company (TBOC) (38

6056.8400N, 122 51011.4600W). Likewise, all native

Olympia oysters (O. lurida) were collected from the

Miller’s Landing (ML) boat launch locality (38

11059.7900N, 122 55018.3200W). A summary of all

samples collected for this investigation is shown in

Table 1.

Specimens of C. gigas were collected from TBOC

on the morning of July 30, 2014 as the tide was

receding. Oysters were removed from mesh bags on

the mud flats where the animals are grown for

commercial use as food products. Water samples were

collected in 20-ml scintillation vials from receding

water on the mud flats of Tomales Bay. Oysters were

transported to the Bodega Marine Laboratory on ice.

Animals were sampled approximately five hours after

collection.

Prior to sampling, oysters were scrubbed and rinsed

with filtered seawater to remove debris and mud from

the exterior of the shell. To collect EPF, a hand held

dremmel tool was used to drill through the left valve of

oysters and fluid was removed using a sterile glass

pipette. The dremmel tool was rinsed with ethanol

between each specimen and a new pipette was used for

each sample collection. To collect MF, each oyster

was then scraped at the ventral edge to create space for

a shucking knife that was used to pry the animal open

and the shucking knife was also sterilized with ethanol

between each use. The mantle fluid was then poured

from the main cavity of the oyster. Oysters were not

shucked from the hinge to avoid cross contamination

between different fluid compartments. Each sample of

extrapallial fluid, mantle fluid, and seawater was

processed onto a separate Pall membrane filter

(Supor� membrane, diam. 47mm, pore size

0.20 lm) using a hand held vacuum pump apparatus.

Filters were then placed in sterile petri dishes

(polystyrene, 60 mm by 15 mm) that were wrapped

in Parafilm� and stored at - 20�C (Table 1).

It proved impossible to collect O. lurida specimens

during the first sampling event when C. gigas

individuals were obtained. Therefore, native Olympia

oysters were collected on August 14, 2014 at ML by a

member of the Aquatic Resources Group at the

University of California Davis Bodega Marine Lab-

oratory who is permitted by the California Department

of Fish and Wildlife to collectO. lurida from Tomales

Bay. Water samples were collected adjacent to oyster

specimens during low tide in 20-ml scintillation vials.

Fluid samples were collected from O. lurida speci-

mens and processed onto filters using the same

procedures as used on C. gigas as described above

(Table 1).

DNA extraction, PCR amplification,

and sequencing

DNA was extracted from frozen filters using the

PowerlSoil� DNA Isolation Kit (MoBio Laboratories,

Carlsbad, CA, USA). For downstream sequencing

515f and 806r primers modified with barcodes were

used to amplify 16S rRNA genes from bacterial DNA

within seawater and oyster fluid samples (Walters

et al., 2011). DNA extracts from all samples were

amplified by PCR with Invitrogen Platinum� PCR

Supermix (Life Technologies Corp, La Jolla, CA,

USA) in 52.5 ll reactions. PCR reaction products were

cleaned with AxygenTM AxyPrep MagTM PCR Clean-

up kits to remove unincorporated dNTPs, primers,
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primer dimers, salts, and other contaminants. Qubit�

DNA Quantification protocol was used to quantify the

amount of amplified PCR products. Samples were

pooled equimolary, and a final mixture was prepared

for sequencing on the Illumina HiSeq3000 Platform at

the University of California Davis DNA Technologies

Core Facility (http://dnatech.genomecenter.ucdavis.

edu). Reads were quality trimmed from ends to Q20

using a custom script. Adapter and primer sequences

were filtered out using trimmomatic and the reads

were merged using flash (Magoc & Salzberg, 2011;

Bolger et al., 2014). Reads with lengths below 35 base

pairs were discarded.

Sequence and statistical analyses

Sequence data were input into Quantitative Insights

into Microbial Ecology (QIIME) 1.8.0, an open-

source bioinformatics program used to analyze

sequence data (Caporaso et al., 2010a). Open refer-

ence representative operational taxonomic units

(OTUs) were clustered at [ 97% similarity using

USEARCH (Edgar, 2010). OTUs were aligned to the

Greengenes core reference alignment (DeSantis et al.,

2006) using the default pipeline, PyNAST (Caporaso

et al., 2010b). Taxonomy was assigned to OTUs based

on the Greengenes reference database (McDonald

et al., 2012; Werner et al., 2012) using the Ribosomal

Database Project II (RDP) Classifier 2.2 (Wang et al.,

2007) and an approximate-maximum-likelihood phy-

logenetic tree was built with Fast Tree 2.3.1 (Price

et al., 2010). Mitochondria, chloroplast, unassigned

reads, and singletons were removed from analysis.

Richness (observed species) and evenness (as

H/ln[S], where H is the Shannon–Wiener index and

S is species richness) were calculated by subsampling

each sample to the minimum number of reads 100

times. These subsampled values for diversity were

then averaged to produce a single value for each

sample. To assess the collective diversity for each

sampled environment (Olympia oysters, Pacific oys-

ters, and respective seawater locations), species rich-

ness and evenness values were averaged across these

sample categories. Standard deviation and standard

error were also calculated (Fig. 1). It is important to

note that these comparisons do not take into account

any similarities or differences between mantle fluid

and extrapallial fluid samples taken from O. lurida

Table 1 Sample collection summary, including number of successfully sequenced reads and OTU count

Sample ID Locality Collection date Sample source Fluid type No. reads No. OTUs

TW1 TBOC Seawater 129,709 32,022

TW2 TBOC Seawater 119,155 95,568

T1E C. gigas EPF 167,389 134,949

T1M Tomales Bay July 30, 2014 C. gigas MF 115 –

T2E Oyster Company C. gigas EPF 171,598 114,347

T2M C. gigas MF 12 –

T4E C. gigas EPF 412,300 241,351

T4M C. gigas MF 0 –

MW1 ML Seawater 49,090 40,147

MW2 ML Seawater 42,857 30,884

M1E O. lurida EPF 7,247 3,864

M1M Miller’s Landing August 14, 2014 O. lurida MF 6,890 3,656

M2E Boat Launch O. lurida EPF 106,143 64,605

M2M O. lurida MF 552,940 51,916

M4E O. lurida EPF 200,226 133,606

M4M O. lurida MF 342,265 241,351

Total 2,307,936 1,188,631

Samples without a value for number of OTUs were not used in analyses because they had too few reads after sequencing quality

control procedures
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(i.e., MF and EPF from O. lurida was treated as one

sample group during alpha diversity tests). The non-

parametric Wilcoxon rank sum test was used to

compare richness and evenness between the two

oyster species and their respective environments, as

well as all samples from both environments.

To evaluate beta diversity, Bray-Curtis distances

were calculated using the phyloseq package (version

1.19.1) in R (version 3.3.3) (McMurdie & Holmes,

2013). Non-Metric Multidimensional Scaling

(NMDS) was used to ordinate and visualize the Bray-

Curtis distance matrix (Fig. 2). Confidence ellipses

were drawn around samples from each locality,

assuming a multivariate t distribution at a 95%

confidence interval. A permutational analysis of vari-

ance (PERMANOVA) was used to test the null

hypothesis that the centroids of defined groups are

equivalent by calling the adonis function from the

vegan package in R (Anderson, 2001; Oksanen et al.,

2017). Although PERMANOVA is more robust than

other multivariate tests (Anderson & Walsh, 2013),

results from this test can be confounded by variations in

dispersion (Warton et al., 2012). Therefore, the be-

tadisper function in vegan, which is a multivari-

ate form of Levene’s test for homogeneity of variances,

was used to assess dispersion of samples. Significance

was determined using a confidence level of 0.05 for

both tests. As a post hoc test, multiple pairwise

comparisons were then made using both adonis

and betadisper. To reduce the rate of Type I error

(i.e., incorrectly rejecting a true null hypothesis) after

running multiple pairwise comparisons, a Bonferroni

adjustment was used. The Bonferroni correction clams

significance for a post hoc comparison when the

P value is less than 0.05/ k, when there are k number of

comparisons being made. For this study, there were

four sample categories: O. lurida, C. gigas, ML water,

and TBOC water. This resulted in six pairwise

comparisons (k = 6), and a second confidence level

when P is less than 0.05/6 = 0.0083.

Results

Sample status

In order to determine whether or not the microbiome

varied between different chambers within an oyster,

fluid was removed from both the mantle cavity and the

extrapallial space of all animals used in this study.

Therefore, each extract of mantle fluid had a corre-

sponding extrapallial sample from the same oyster

specimen. Sixteen samples were originally collected

for this study: six from C. gigas, two from TBOC, six

from O. lurida, and two from ML. However, after

sequencing and rarefaction, only 13 samples were

successfully amplified and used in downstream anal-

yses: three fromC. gigas, two from TBOC, six fromO.

Evenness Richness

300

400

500

600

0.70

0.75

0.80

Sample Category

M
ea

n

Fig. 1 Alpha diversity for microbial samples grouped accord-

ing sample locality (clear = ML, black = TBOC) and sample

source (circle = oyster, triangle = seawater), where richness is

observed species (OTUs) and evenness was calculated as

H/ln(S), where H is the Shannon–Wiener index and S is

observed richness. Mean evenness and richness were calculated

from the mean of 100 subsampling trials applied to each sample,

then averaged across sample category (i.e., C. gigas, n ¼ 3; O.

lurida, n ¼ 6; ML water, n ¼ 2; and TBOC water, n ¼ 2).

Error bars represent standard error of the mean
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lurida, and two fromML (Table 1). A full summary of

samples collected and used in downstream analyses is

shown in Table 1.

Alpha diversity of oyster and seawater samples

Bacterial communities from oyster and seawater

samples do not differ significantly in terms of richness

or evenness. When comparing both localities (i.e.,

pooled oyster and seawater samples), there was no

difference in terms of richness or evenness between

sites (Wilcoxon rank sum test: P = 0.9433,

P = 0.8329, respectively) (Fig. 1). There was also

no statistical difference in alpha diversity parameters

when comparing oyster and seawater samples within a

given locality. For samples taken from TBOC, Wil-

coxon rank sum test results returned P = 0.80 and

P = 1.0 for richness and evenness, respectively

(Fig. 1). For samples taken from ML, Wilcoxon rank

sum test results returned P = 0.6429 and P = 0.8571

for richness and evenness, respectively (Fig. 1).

Beta diversity and community composition

NMDS based on Bray-Curtis distances produced a

stress value of 0.0901. In general, oyster and water

samples clustered well according to sampling location

in the NMDS plot for Bray-Curtis distances (Fig. 2).

Confidence ellipses indicated that there may be some

overlap between the clusters formed by samples from

different localities. The NMDS plot showed that

samples from TBOC seawater form a tight group with

C. gigas samples. In contrast, the ordination plot

revealed that water samples may form a distinct

subgroup within the larger space occupied by samples

from this location. All paired samples (i.e., MF and

EPF samples from the same individual) taken from O.

lurida individuals cluster most closely with the other

member of their respective sets. This pattern could not

be discerned from paired samples taken from C. gigas

because all three MF samples taken from this species

did not recover enough reads to be used in subsequent

analyses (Table 1).

Results from PERMANOVA indicate that the

bacterial community composition of oyster and water

samples taken from ML was distinct from samples

taken from TBOC (P = 0.013). Distinct microbial

communities were also detected when comparing the

following sample categories: C. gigas, O. lurida, and

seawater from ML and TBOC (P = 0.005). However,

when comparing oysters and seawater taken from the

same locality, samples taken from ML showed a

significant difference (P = 0.031), whereas samples

from TBOC did not (P = 0.500). All other pairwise

comparisons using the PERMANOVA test returned a

non-significant result (Table 2).

Homogeneity of variances was tested using be-

tadisper. Results from betadisper indicated

that group dispersions are significantly different when

comparing oyster and water samples taken fromML to

those taken from TBOC (P = 0.001). Comparison of

the four sample categories mentioned above also

indicated that dispersions are significantly different

across these groups (P = 0.001). Groups within ML

and TBOC showed differences in dispersion between

seawater and oyster samples (P = 0.001, P = 0.008,

respectively). Results from adonis and betadis-

per tests are summarized in Table 2.

Phylum level classifications were used to obtain a

general picture of taxonomic diversity across all

samples. Members of the phyla Proteobacteria, Fir-

micutes, Bacteroidetes, Cyanobacteria, and Acti-

nobacteria, and dominated the 20 most abundant

OTUs (Fig. 3). One of the primary goals of this study

was to determine whether or not there was an

enrichment of SRB in either oyster species. To address

this question, OTUs identified as belonging to major

Orders of sulfate-reducers were removed and used for

further analyses. Here, sulfate-reducing Orders, which

belong to the Class Deltaproteobacteria, represented

by sequence data are limited to: Desulfarculales,

Desulfobacterales, Desulfovibrionales, Desul-

furomonadales, and Syntrophobacterales (Fig. 4). In

general, there are no distinct patterns in sulfate-

reducer abundance between environments or between

oyster and water samples from the same locality

(Fig. 4). The one exception is that Desulfobacterales

shows a pronounced enrichment in oyster and water

samples taken from ML.

Discussion

Microbial community composition

Previous studies that have characterized microbial

community composition within oysters largely used

culture dependent methods; Colwell & Liston (1960),
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Murchelano & Bishop (1969), Kueh & Chan (1985),

recovered 152, 176, and 321 strains, respectively.

Researchers have also employed alternative molecular

methods (e.g., Trabal et al., 2012; Pierce et al., 2016)

to assess functional and physiological patterns in the

oyster microbiome.With the advancement of sequenc-

ing technology, studies have also taken advantage of

high throughput pyrosequencing and metagenomics to

investigate stomach and gut microbiota in oysters

(Chauhan et al., 2014). For example, King et al.

(2012) and Trabal Fernandez et al. (2014) recovered

857 and 1,742 OTUs in their studies of the oyster

microbiome, respectively. The present investigation,

however, represents the first study to employ next-

generation sequencing to evaluate the microbiome of

oyster calcifying fluid. This study recovered 6,724

OTUs across the 14 oyster and water samples that

were successfully sequenced using the Illumina HiSeq

platform, which represents an important step towards

understanding the diversity and complexity of the

microbiome housed in oyster calcifying fluid. Overall,

bacterial communities isolated from all samples

collected in this study were dominated by the follow-

ing bacterial phyla: Proteobacteria, Firmicutes, Bac-

teroidetes, Cyanobacteria, and Actinobacteria. This

agrees with Pierce et al. (2016), who found that

Bacteroidetes comprised up to 29.7% of bacterial

biomass in the pallial fluid of the Eastern oyster,

Crassostrea virginica, and corresponds to other

research as well (Trabal Fernandez et al., 2014; Cleary

et al., 2015).

Source of the oyster microbiome

Species-specific microbiome differences have been

suggested for some bivalves (Antunes et al., 2010;

King et al., 2012; Trabal et al., 2012). It is difficult to

evaluate this effect in the present study because it was

not possible to collect O. lurida specimens during the

initial sampling event at TBOC on July 30, 2014 when

C. gigas individuals were collected (Table 1). Overall,

Fig. 2 suggests that the microbiomes of C. gigas and

O. lurida are largely sourced from their respective

surrounding aquatic environments. Results from

PERMANOVA tests, which assess community com-

position differences between sample groups, indicate

that the microbial communities of pooled samples

(seawater and oyster fluid) taken from ML are distinct

from those at TBOC (P = 0.013). This comparison,

however, does not meet the confidence interval

established by the Bonferroni correction used in this

study (P = 0.0083). The fact that this result passes the

0.05 interval and not the more stringent Bonferroni

adjustment may be a function of the connectedness of

the sampling localities. Previous studies investigating

the effects of connectivity on microbial community

structure in lotic ecosystems have shown, not surpris-

ingly, that downstream communities largely originate

from upstream sources (Griffin et al., 2017; Payne

et al., 2017). Because Tomales Bay is dominated by a

single freshwater source during the summer (i.e.,

groundwater) (Oberdorfer et al., 1999), it makes sense

that samples taken from the two localities may be

Table 2 Table summarizing results of PERMANOVA and Levene’s test for homogeneity of dispersions for various groups com-

pared, including samples pooled by location, the four sample categories, and post hoc (i.e., pairwise) tests

PERMANOVA Levene’s test

Groups tested Pseudo-F R2 P value F P value

Pooled TBOC-Pooled ML 2.258 0.170 0.013* 35.789 0.001**

Sample Categories 2.013 0.401 0.005** 134.32 0.001**

TBOC oyster-TBOC water 1.024 0.254 0.500 9.189 0.008**

ML oyster-ML water 2.432 0.288 0.031* 337.32 0.001**

TBOC oyster-ML oyster 1.658 0.192 0.104 39.668 0.001**

TBOC water-ML water 5.011 0.715 0.333 – –

TBOC oyster-ML water 4.328 0.591 0.100 – –

TBOC water-ML oyster 1.322 0.181 0.121 – –

The four sample categories are ML oyster (= O. lurida), TBOC oyster ( = C. gigas), and TBOC water and ML water refers to

seawater collected from those localities. The presence of an asterik (*) denotes statistical significance at the confidence level of

P\ 0.05. Two askteriks (**) indicate significance at the level of the Bonferroni correction, or P\ 0.0083
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Fig. 3 Phylum level taxonomic composition of samples

collected during this study are shown for each sample. Samples

were rarefied to an even depth, the top 20 OTUs were removed,

and counts were normalized to percentages of sequences found

in a given sample category. Each facet represents a different

phylum, which provides direct comparison of abundances

between sample categories. Each OTU is colored by Family

identity, and each individual rectangle represents a different

OTU. Therefore, multiple rectangles of the same color represent

different OTUs that belong to the same Family
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somewhat similar in terms of microbial community

structure, even though the sampling events were

spatially and temporally separated. In fact, the pair-

wise PERMANOVA test comparing the water sam-

ples from ML to those from TBOC produced a non-

significant result (P = 0.333). This indicates that there

is no statistical difference in microbial community

composition between the water samples from these

two localities.

Although the results presented here would be

strengthened if both sampling events had occurred

on the same day at the same locality, patterns

expressed by these data are supported by the literature.

The idea that the surrounding environment is the major

source of the oyster bacterial flora is not new and has

been well demonstrated by previous research on

bivalve microbiomes (e.g., Murchelano & Bishop,

1969; Kueh & Chan, 1985; Beleneva et al., 2003;

Lokmer et al., 2016; Pierce et al., 2016). In addition,

even though environmental conditions in Tomales

Bay are heterogeneous over space and time, driving

the overall differences in microbial community

structure in ML versus TBOC, the bay as a whole is

controlled by tidal dynamics and groundwater flow

during both sampling events. This results in the

similarities between samples from the two localities.

Furthermore, the conclusions drawn here do not

overstep the data collected. For example, this study

is unable to make conclusions about species-specific

microbiomes between these two oysters because there

is not a common baseline (seawater) for comparison,

and does not attempt to do so.

Microbial exchange between compartments

NMDS ordination of Bray-Curtis distances produced

from this data set generated a stress value of 0.0901.

Stress represents the disagreement between the calcu-

lated dissimilarity values and 2-dimensional ordina-

tion distances (Fig. 2) (Everitt & Hothorn, 2010).

Therefore, a lower stress value (\ 0.10) indicates that

the NMDS plot is an accurate visual representation of

the data (Everitt & Hothorn, 2010). Paired samples

from O. lurida individuals show distinct pairs in
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Fig. 4 Distribution of sequences belonging to known orders of

sulfate-reducers within the class Deltaproteobacteria are shown

for each sample, where each facet represents a different Order.

Each OTU is colored by Family identity, and each individual

rectangle represents a different OTU. Therefore, multiple

rectangles of the same color represent different OTUs that

belong to the same Family
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NMDS ordination space (Fig. 2). This likely indicates

that even though the extrapallial space andmain cavity

of oysters are separate, there is bacterial exchange

between these two compartments. It is unclear,

however, how exactly this exchange takes place.

Lokmer et al. (2016) showed that Vibrionaceae spil-

lover from haemolymph into solid tissues can cause a

systemic infections in individuals C. gigas. Therefore,

transport of microbes via oyster haemolymph may be

one possible route for the exchange between these two

compartments; bacterial movement may also occur via

direct fluid exchange between the MF and EPF.

Although it is possible that these results are due to

contamination during sampling, the methods used in

this study are those typical for completely isolating

these compartments. Therefore, these data likely

represent a true signal of bacterial exchange between

MF and EPF in the oyster O. lurida. All MF samples

taken from C. gigas individuals suffered from a low

number of recovered reads after sequencing proce-

dures (Table 1). There is no direct evidence from the

present study that this pattern would have been

mimicked for paired samples from C. gigas. Based

on the results from O. lurida samples, it is likely that

two samples from a C. gigas individual would be more

similar to each other than to a sample from another

oyster. However, verifying this hypothesis would

require additional data collection.

Filter feeding rate affects uptake from environment

In addition to assessing the source of the oyster

microbiome, it is important to consider to what degree

each oyster species is influenced by source commu-

nities in the water column, and whether or not

acquisition may be different among bivalve species.

The NMDS plot shows that C. gigas samples cluster

tightly with TBOC water samples. In contrast, Fig. 2

shows a separation between ML water samples and

those taken from O. lurida specimens. The pairwise

PERMANOVA test comparing ML oysters to ML

water returns P = 0.031, which is significant at the

95% confidence interval, but not significant when

taking into account a Bonferroni correction

(P\ 0.0083). The PERMANOVA comparing TBOC

water to TBOC oysters resulted in P = 0.50, which is

not significant at any confidence level (Table 2).

These results support conclusions drawn from the

NMDS ordination. In other words, the microbiome of

C. gigas appears to be more similar to its surrounding

environment than that of O. lurida to its respective

water source. This may be the result of differing

filtration rates between these two oyster species. C.

gigas is well known for having a high filtration rate,

and can clear as much as 4.83 l g�1 h�1 of water for 1

g of dry tissue weight at an optimal temperature of

19�C (Bougrier et al., 1995). In contrast, O. lurida is a

much smaller species that may only filter as much as

3.08 l g�1 h�1 of water for 1 g of dry tissue weight at

an optimal temperature of 25�C (Zu Ermgassen et al.,

2013). Even though water does not directly enter the

extrapallial space, evidence revealed in the present

study from paired O. lurida samples suggests that

there is exchange between the compartments contain-

ing EPF and MF. Assuming that this exchange also

occurs in C. gigas, even though seawater does not

directly enter the extrapallial space, the resident

microbial communities are still directly influenced

by seawater because of the exchange between the MF

and EPF. The fact that this result is significant at the

0.05 confidence interval and not the Bonferroni

corrected interval may either indicate that this is a

weak effect, or may be an artifact of small sample size.

Additional work characterizing the exchange between

these compartments and determining to what extent

filtration rate dictates bacterial internal microbial

communities could provide important insights into

how pathogens colonize oysters and other bivalves.

Sample design and sources of error

The relatively small sample sizes in this study resulted

in large error bars for some groups in the alpha

diversity comparisons used here (Fig. 1). This con-

tributed to the statistical results that indicated these

groups are the same in terms of richness and evenness;

between-group differences in alpha diversity param-

eters may have been apparent if more samples were

analyzed in this study.

Generally, permutational methods that test for

resemblance between groups (e.g., PERMANOVA)

are sensitive to heterogeneity of dispersions. Be-

tadisper is a multivariate form of Levene’s test for

homogeneity and was used to assess within group

differences in community composition in this study.

The overall test and each pairwise test for homogene-

ity returned P values that were less than 0.008, which
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shows significance at both the 0.05 and 0.0083

confidence levels (Table 1). This indicates that these

samples have different degrees of within group

variance (Table 1). Although this can be an issue for

permutational tests, Anderson & Walsh (2013)

showed that PERMANOVA, the test used here, is

not affected by heterogeneity for balanced experi-

mental designs. Three of the six samples collected

from C. gigas specimens were not successfully

sequenced and could not be used in downstream

analyses, which resulted in an unbalanced design for

this study. Therefore, PERMANOVA results pre-

sented here need to be observed with some skepticism.

However, it is important to note that the conclu-

sions drawn from the statistical results are supported

by Fig. 2 and the literature, even though the hetero-

geneity of dispersions may affect the PERMANOVA

results presented here because of the unbalanced

sampling design. First oyster microbial communities

are largely sourced from their respective aquatic

environments, and therefore microbial communities

from ML appear distinct from those at TBOC (Fig. 2)

and agrees with conclusions drawn by a number of

authors (e.g., Murchelano & Bishop, 1969; Kueh &

Chan, 1985; Beleneva et al., 2003; Lokmer et al.,

2016; Pierce et al., 2016). Second, paired samples

from different compartments of a single O. lurida

specimen are more similar to one another than to

samples from a different individual (Fig. 2). This

aligns with the idea that Vibrionaceae in oyster

hemolymph can spread to other solid tissues (Lokmer

et al., 2016); even though compartments and tissues

within the oyster are generally thought of as isolated,

microbiota are able to move between these different

reservoirs. In addition, C. gigas samples appear to be

more similar to surrounding seawater thanO. lurida to

its respective environment, perhaps because of differ-

ences in filter feeding rates (Fig. 2). This idea is

difficult to assess in the literature because very few

studies investigating the oyster microbiome have also

sequenced bacterial communities from environmental

(i.e., seawater) samples. The relationship between the

environmental microbiomes, oyster bacterial commu-

nities, and filter feeding rate requires further scrutiny.

Although it is important to recognize the limitations of

statistical interpretations in this study, the statistical

methods applied here are typical for this type of data

set and conclusions drawn here agree well with

previously published data on oyster microbiomes.

Sulfate-reducing bacteria and microbial influence

on chalk formation

Microbial involvement has been proposed for the

precipitation of polychaete tubes (Guido et al., 2014),

marine peloids (Chafetz, 1986), specific structures

found in bivalve shell carbonate (e.g., Braithwaite

et al., 2000; Glover & Taylor, 2010), and sclerites

found on hydrothermal vent snails (Goffredi et al.,

2004). This type of mineralization has also been

proposed for chalky calcite deposits found in some

bivalves, including the species C. gigas that was used

in this investigation. Some studies have suggested that

deposition of chalky calcite is regulated by the mantle,

and is therefore tightly controlled by the animal itself

(Orton & Amirthalingam, 1927; Korringa, 1951;

Palmer & Carriker, 1979). However, another possible

mechanism for chalky deposit development is micro-

bially induced mineralization, in which the microbial

community in oyster calcifying fluid influences the

formation of this shell feature (Chinzei & Seilacher,

1993; Vermeij, 2014). Thus, even though a wide

variety of microbial metabolisms participate in com-

plex microbial systems, SRB are most likely to

influence chalk formation in oysters.

If SRB are involved in chalk formation, these

microbes should be enriched in oysters that have

chalky deposits compared to those that lack chalk. As

a first-order, correlative approach to this problem, the

proportion of sulfate-reducing bacteria was assessed

and compared between both oyster species sampled

here. Sequences belonging to the major orders of

sulfate-reducing bacteria (Muyzer & Stams, 2008)

were separated and used for additional analyses. In this

study, these are limited to: Desulfarculales, Desul-

fobacterales, Desulfovibrionales, Desulfuromon-

adales, and Syntrophobacterales.

O. lurida and ML seawater show an enrichment of

OTUs from Desulfobacterales when compared to

oyster and water samples taken from TBOC (Fig. 4).

If sulfate reduction is responsible for inducing chalky

deposit formation, one would expect that a larger

number of sequences belonging to sulfate-reducers

would be found in the oyster species with chalky

deposits (i.e., C. gigas). Data presented here show that

sulfate-reducers do not comprise a majority of

sequences in C. gigas. Aside from the distribution of

Desulfobacterales, there are no patterns in the
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distribution of sulfate-reducing taxa among oyster and

water samples analyzed here (Fig. 4).

Although our data may indicate that microbial

sulfate reduction does not significantly affect chalky

deposit formation in oyster shells, there are potential

alternative interpretations. First, although SRB are not

the most abundant group of microbes isolated from

oyster EPF, this does not mean that they do not affect

formation of chalky deposits. SRB have the potential

to contribute to calcification even though they do not

comprise a major share of sequences in a given

microbial community. In a study investigating the

microbiome isolated from carbonate forming rhodo-

liths, researchers observed that SRB made up a small

proportion of bacterial sequences, even though they

likely contribute to carbonate precipitation in this

system (Cavalcanti et al., 2014). Another alternative is

that microbes other than sulfate-reducers influence

calcification in oysters. Although SRB often induce

calcium carbonate precipitation, other bacteria are

able to promote mineral formation as well. For

example, sulfide oxidation and dissimilatory iron

reduction may also result in carbonate precipitation

(Dupraz & Visscher, 2005; Visscher & Stolz, 2005).

Conclusions

Samples analyzed in this study are dominated by a

small number of bacterial phyla: Actinobacteria,

Bacteroidetes, Cyanobacteria, Firmicutes, and Pro-

teobacteria. Because it was impossible to collect

specimens of C. gigas and O. lurida at the same

location on the same date, it would be inappropriate to

make inferences on species specific microbiomes in

this study. However, it is clear that the surrounding

aquatic environment is the major source of bacteria

found in both oyster species. It appears as though there

is bacterial exchange between the compartments

containing EPF and MF in samples collected from

O. lurida, though a similar pattern would likely be

uncovered if sample pairs for C. gigas had been

successfully sequenced. In addition, NMDS ordina-

tion and PERMANOVA analyses indicate that C.

gigas maintains a microbial community that is more

similar to its environment than O. lurida. This

apparent difference may be caused by the disparity

between the filtration rates of these two oysters. C.

gigas is a more active filter feeder and will therefore

concentrate more environmental bacteria than O.

lurida. Although PERMANOVA and homogeneity

of dispersion tests need to be viewed with scrutiny

because of the unbalanced design of this study, the

results agree well with previous studies on oyster

bacterial communities. In general, microbial taxon-

omy is not skewed towards taxa known for sulfate

reduction in the calcifying fluid of oysters with chalky

deposits (C. gigas). However, there is a slight enrich-

ment of sulfate-reducers in oysters without chalky

deposit formation (i.e., O. lurida), which may indicate

that there is either no involvement by SRB in chalky

deposit formation or calcifying microbes comprise a

relatively small proportion of bacteria present in

oyster calcifying fluid. Overall, these results do not

support the hypothesis that if microbes (mainly

sulfate-reducers) are involved in chalky deposit for-

mation, they will constitute a higher proportion of the

microbial community in calcifying fluids of oysters

that have chalky deposits. Further, results may indi-

cate that internal microbial communities have no

influence on chalky deposit formation in C. gigas.
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